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     Heavy metal contamination is one of the main issues preventing people from 
accessing drinkable water in developing countries. Current methods of metal 
detection require a highly trained user and do not allow for quick and inexpensive 
testing in low-resource regions. This project seeks to integrate metal sensitive dye-
modified polymer nanoparticles into a lateral flow assay design to develop a low-
cost water quality test. Specifically, a control nanoparticle was developed using a 
pH-sensitive fluorescein dye derivative. The dye was covalently bound to 
poly(acrylic acid) by an amide linkage, and nanoparticles were formed by a 
microemulsion technique. The pH response of various nanoparticles was 
characterized by fluorescence and absorption spectroscopy, and as expected, the 
signal intensity increased with basicity. This fluorescein-poly(acrylic acid) 
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     Fresh water sources contaminated with metals are one of the issues preventing 
people from accessing drinkable water in developing countries. One of these 
pollutants is mercury (Hg2+), a toxic metal that tends to accumulate in organisms.1 
Even a small amount of mercury can produce neurotoxic affects and alter the 
nephrological, reproductive, and endocrinological systems of the body.2 Apart from 
being a public health issue, contaminated water is damaging to the environment and 
other organisms too.3 Mercury pollution is a result of many human activities such 
as coal combustion and mining, artisanal gold mining, cement production, and 
chemical production.2 Gold mining in French Guiana and Brazil caused the 
concentration of mercury to rise in local rivers, resulting in contaminated fish.4 
Similarly, the oil refining and coal washing industries in China contributed over 
25% of the country’s mercury release in 2012. This had adverse effects on China’s 
aquatic environments.5 Other metals such as copper, lead and zinc pose similar 
threats to the human body and the environment. 
     People in developing countries are particularly susceptible to metal 
contamination because they lack the resources needed to determine whether 
drinking water is safe. Currently, expensive techniques such as atomic absorption 
spectroscopy and mass spectrometry are used to determine the presence of metals 
in water.6 Akram et al. used atomic absorption spectroscopy to measure the 
concentration of various metals such as Cu, Ni, Zn, Cd and Hg in herbal plants.7 
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Similarly, Choi et al. used mass spectrometry to quantify the amount of various 
heavy metals in grain-based foods like cereal.8 Both of these methods are valuable 
tools, but they require a highly trained user and do not allow for quick and 
inexpensive testing in low-resource regions.9 Absorbent or fluorescent probes can 
address these detection issues because they can be observed using less sophisticated 
technology, such as colorimetric devices, or by the eye. In the presence of metals, 
certain absorbent or fluorescent probes experience distinctive optical transitions 
because of their light-absorption properties.10 Molecular probes have the advantage 
of my easily modified for different purposes. For example, derivatives of the probe 
rhodamine B can detect different metals depending on where the modification of 
the probe occurs. There are rhodamine B derivatives that can detect Hg, Cr and Pb 
among many others metals. There are also molecular probes that act as dual sensors 
and will exhibit a response only in the presence of two specific metals.11  
     Molecular probes do have the disadvantage of being light sensitive and insoluble 
in water. To overcome these challenges, the probes can be incorporated into 
flexible, organic materials such as polymer nanoparticles (NPs). Polymer NPs are 
nanosized solid colloidal particles that originate from bulk polymers, and they have 
been used in a broad spectrum of applications including drug delivery and 
photovoltaic systems.12 By incorporating molecular probes into polymer NPs, the 
emission brightness, color change, and surface chemistry can be controlled.13 These 
characteristics are altered by crosslinkers, which change the density of the NPs, and 
by surfactants which control the size and stability of the NPs.14 When molecular 
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probes are encapsulated in polymer NPs, they are given protection from light and 
can be used in aqueous environments. The polymer NPs also act as the scaffold for 
linking the molecular probes to other surfaces to increase their functionality. 
    To utilize the properties of metal responsive polymer nanoparticles, a technique 
called a lateral flow assay (LFA) can be employed. LFAs are simple, paper-based 
devices that can detect the presence of an analyte in a liquid sample without high-
priced equipment. Many LFAs have already been adapted as inexpensive 
healthcare diagnostics; an example being pregnancy tests.15 In an LFA, the first 
component a sample encounters is the sample pad. From the sample pad, capillary 
action transports the liquid across a membrane surface where analytes encounter 
immobilized capture molecules. If the analyte of interest encounters a capture 
molecule, they will bind and give off a positive and control response. Lateral flow 
technology is typically used in the detection of proteins, viral antigens, and small 
molecules.16 With the optimal loading and the correct optical properties, dye-
modified polymer NPs can be incorporated into an LFA creating an inexpensive 
method for detecting metals. In this type of test, the capture molecule would be the 
dye-modified polymer NPs. 
     To integrate dye-modified polymer NPs into an LFA, a streptavidin-biotin 
linkage can be used at a test line. As shown in Figure 1, an LFA of this type has 
streptavidin bound to a strip of nitrocellulose through electrostatic interactions.17-18 
Biotin conjugated with a fluorescent polymer NP probe noncovalently interacts 




Figure 1: a) Lateral flow assay design using streptavidin-biotin linkage. b) Negative test results 
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disassociation constant in the femtomolar range. The biotin is conjugated to the NP 
by a light-sensitive linker. To adapt an LFA for detecting metals in water, two types 
of NPs must be used – a control NP and a metal responsive NP. Figure 1 depicts an 
LFA with a control NP and the metal sensitive NP in both a positive and negative 
test for metals. In the presence of water containing a specific metal, the attached 
test NP visually changes color. Because the test NPs are concentrated a one small 
location on the LFA, the metal ions from a dilute water sample will concentrate in 
that area, increasing the sensitivity of the test. A control NP for this type of test 
needs to contain a pH responsive probe so that a visual color change is seen 
regardless of whether the metal ions are present, proving the test validity. The 
control needs to be visible, so the test user can determine whether the test result is 
reliable. 
     In this project, we work towards developing a control NP for this LFA test that 
detects metals in drinking water. Previously published literature shows the 
successful use of the pH sensitive molecule fluorescein in NPs for cellular studies 
and other applications.20-21 Fluorescein and its derivatives are pH responsive 
because an acid-base equilibrium exists for the dyes in protic solvents. Figure 2 
shows the various structures of fluorescein. In basic conditions, the dianion form 
exists where the benzoic acid and xanthene moieties are both deprotonated. In more 
acidic conditions, the both moieties become protonated and can exist in neutral or 
cationic form. Each structure exhibits different fluorescent and absorbent 




Figure 2: Structures of fluorescein at different pH conditions. 
 
adapted for our LFA application. 
     In order to achieve this end, methods for synthesis of polymer NPs have to be 
explored. There are many reported methods including the incorporation of 
fluorescent dyes into preformed polymers, such as poly(lactic- co- glycolic acid) 
(PLGA) and polycaprolactone (PCL), before assembling the NPs. Herein, we 
outline several attempts at encapsulating the fluorescein dye and derivatives in 
polymer NPs by single-emulsion, nanoprecipitation and covalent modification. The 
pH response of these NPs is analyzed to determine the viability of their application 
as a visual control in an LFA water quality test. NPs were formed using covalent 
modification, and the absorbent and fluorescent response was found to increase 
with basicity. The dye loading of the NPs was found and the efficiency of the 







Materials. The following chemicals were purchased from Sigma Aldrich: 
Fluorescein (free acid), CAS: 2321-07-5; Acryloyl Chloride (AC), CAS: 814-68-6; 
Sodium dodecyl sulfate (SDS), CAS: 151-21-3; N-(3-Dimethylaminopropyl)-N′-
ethylcarbodiimide hydrochloride (EDC), CAS: 25952-53-8; N-hydroxysuccimide 
(NHS), CAS: 6066-82-6; Potassium persulfate (KPS), CAS: 7727-21-1; and 
Poly(vinyl alcohol) (PVA) CAS: 9002-89-5; Acrylic acid (AA), CAS: 79-10-7 was 
purchased from Alfa Aesar and sodium bisulfate, CAS: 7681-38-1 was purchased 
from Fisher Scientific. Poly(lactic-co-glycolic acid) (PLGA) 75:25, MW = 75,000-
80,000 Da was purchased from PolySciTech and dialysis bags, MWCO: 50 kD were 
purchased from Spectrum Laboratories. Fluoresceinamine isomer I (FA), CAS: 
3326-34-9 was purchased from Acros Organics.  
Equipment. Dynamic Light Scattering (Anton Paar Particle Analyzer Litesizer 
500) was used to characterize nanoparticle sizes. IR (Nicolet iS50 FT-IR) was used 
to analyze reaction products for correct functional group formation. NMR (Varian 
400-MR) was used to analyze reaction products. A centrifuge (Fisher Scientific 
Marathon 26 km) was used to collect nanoparticles from solution. A sonicator 
(Qsonica Sonicator) was used in the synthesis of the nanoparticles.  
Methods. Synthesis of the nanoparticles were attempted by several methods which 
are described below. 
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Single-emulsion technique  
1.1) The following procedure was adapted from Cartiera et al.23  PLGA (200 
mg, 2 μmol) was added to a 30 mL beaker with 4 mL ethyl acetate. The 
solution was stirred and heated until the PLGA dissolved. Ethanol (0.8 
mL) was added to give a 5:1 ethyl acetate:ethanol solvent ratio. 
Fluorescein (1 mg, 3 μmol) was added to the beaker (under light 
protection) and it was stirred until everything dissolved. To a test tube, 
4 mL of aqueous 5% w/v PVA solution was added. The tube was 
vortexed on high and the PLGA/fluorescein solution was added 
dropwise by a glass pipet. The solution turned neon green and a 
precipitate formed. The test tube was then sonicated 3 x 10 sec at 38% 
amplitude. The solution was quickly added to 100 mL aqueous 0.3% 
w/v PVA with rapid stirring. The mixture was left to stir for 12 hours to 
allow organic solvents to evaporate. The cream-colored precipitate was 
filtered and the green filtrate was used in dialysis. After 36 hours, the 
filtrate was no longer green. DLS analysis was then performed to 
determine if any nanoparticles had formed (Figure 3).  
1.2) PLGA (197 mg, 2 μmol) was added to a 30 mL beaker with 4 mL 
acetone. The solution was stirred and heated until the PLGA dissolved, 
and 1 mg (3 μmol) of fluorescein was added. To a test tube, 4 mL of 
aqueous 5% w/v PVA solution was added. The tube was vortexed on 
high and the PLGA/fluorescein mixture was added dropwise by a glass 
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pipet. A solid yellow precipitate of PLGA formed that clumped 
together. The heterogeneous mixture was then sonicated 3 x 10 sec at 
38% amplitude, and was quickly added to 100 mL aqueous 0.3% w/v 
PVA with rapid stirring. The yellow PLGA solid that clumped together 
was removed.  
 
Nanoprecipitation 
2.1) This procedure was taken from Reisch et al.13 To a 50 mL beaker, 20.4 
mg (0.2 μmol) PLGA, 1.2 mg (3.6 μmol) fluorescein, and 10 mL of 
acetonitrile were added. The mixture was stirred until all particles 
dissolved. The solution was quickly added to a 10-fold volume excess 
of water while stirring using a micropipette. The solution turned 
yellow/green instantly and a precipitate formed. The solution was 
quickly diluted by another 3-fold volume of water and stirred for 36 
hours to remove organic solvents. White particles were filtered and DLS 
analysis (Figure 4) was performed on the filtrate. Dialysis was then 
performed, and the resulting colorless liquid was analyzed again by 
DLS (Figure 5). Two samples of the filtrate were centrifuged at 14000 
rpm for 25 min in a sample tube. This was performed in an effort to see 
if nanoparticles would condense into a pellet. No pellet appeared to form 
at the bottom of the sample tube. 
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2.2) This procedure was the same as procedure 2.1 except for the aqueous 
phase. Here, a phosphate buffer with a pH of 5.0 was used rather than 
plain deionized water so that the pH would be controlled. White 
particles formed again during the dilution phase. They were filtered and 
DLS analysis (Figure 6) was performed on the filtrate.  
2.3) This procedure was the same as procedure 2.1, except for the dilution 
steps where a phosphate buffer with a pH of 7.4 was used instead of 
water. White particles formed when the solution was stirring to 
evaporate the organic phase. They were filtered and DLS analysis 
(Figure 7) was done on the filtrate. Dialysis of the filtrate yielded a 
colorless solution from which two samples were centrifuged at 14000 
rpm for 25 min in a sample tube. No pellet appeared to form at the 
bottom of the sample tube. 
 
Covalent modification 
3.1)  Amidation of FA amine with PLGA carboxylic acid. This procedure was 
an adaptation of Weiss et al. and Horisawa et al. (Figure 8).24-25  PLGA 
(1.5 g, 0.01987 mmol) and FA (7.5 mg, 0.02166 mmol) were dissolved 
in a mixture of 17 mL acetonitrile and 34.9 mg (0.02742 mmol) excess 
EDC in a 25 mL round bottom flask. The yellow solution stirred for 24 
hours at room temperature, protected from light using aluminum foil. 
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The resulting copolymer was transferred to a beaker and precipitated 
with 70 mL ice cold DI water. The solid yellow precipitate and cloudy 
yellow solution was centrifuged at 4500 rpm for 15 min to separate the 
polymer from solution. The mother liquor was cloudy and bright yellow. 
The polymer pellet was redissolved in 15 mL acetone and precipitated 
with 15 mL ethanol. The solution was cloudy white and was centrifuged 
at 4500 rpm for 15 min. The colorless supernatant was poured off the 
brown polymer sediment. The dried FA:PLGA polymer was analyzed 
by NMR, IR, and fluorescence spectrometry.  IR (neat, cm-1) 1747 cm-
1, ester C=O; 1H NMR (400 MHz, DMSO): δ 1.5, 4.9 and 5.2. 
3.2)  Amidation of FA amine with AA carboxylic acid. This procedure is from 
Knutson et al. (Figure 12).26 To a solution of FA (0.048 g, 0.155 mmol) 
in 4 mL of pyridine, 41 mg (0.216 mmol) of EDC was added. AA 
(0.0198 mL) was added after. The solution stirred protected from light 
for 23 h overnight. The solution was concentrated under vacuum to give 
an orange oil. The oil was dissolved in 7 mL 10% w/w NaOH and 
extracted with dichloromethane (10 mL x 3). The organic layer was 
collected as a pale orange solution dried over anhydrous sodium sulfate. 
After filtration, it was acidified with concentrated HCl. The aqueous 
layer was acidified with 0.1 M citric acid solution to form a precipitate. 
The precipitate was filtered and dried. Both the organic and aqueous 
phases were analyzed by 1H NMR (Appendix B). 1H NMR (400 MHz, 
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DMSO): Expected, but not depicted, δ 10.6 (s, 1H, COOH), 10.1 (s, 
broad, OH), 10.0-8.5 (s, 1H, NH) 7.90-7.78 (m, 2H), 7.60 (s, 1H), 6.68-
6.47 (m, 6H, protons of the xanthene moiety), 6.40-5.76( m, 3H, vinyl).21 
3.3)  Amidation of FA amine with AA carboxylic acid. As reported by Li et 
al.27 (Figure 13), a 25 mL mixture of ethanol and 30 mg (0.0864 mmol) 
FA were sonicated twice for 10 seconds at an amplitude of 20%. AA (3 
mL, 0.0437 mmol) was added to a 50 mL round bottom flask and 
flushed with nitrogen. EDC (75 mg, 0.401 mmol) and NHS (50 mg, 
0.434 mmol) were added to separate sample tubes. To the sample tube, 
1 mL DI water was added. The EDC solution and NHS solution were 
added to the AA. The solution stirred for 15 min. The ethanol:FA 
mixture was added to the round bottom flask and protected from light. 
The solution was red and was stirred for 1 h. The solution was then 
concentrated under vacuum and dried at 30 °C. Column 
chromatography was performed using 10% ethanol in chloroform on 
silica using a column width of 25 mm.  1H NMR (400 MHz, DMSO): δ 
10.6 (s, 1H, COOH), 10.1 (s, broad, OH), 8.4 (s, 1H), 7.85 (d, 1H), 7.20 
(d, 1H), 6.7-6.4 (m, 7H, protons of the xanthene moiety and NH), 6.42 
(m, 1H, vinyl), 6.37 (m, 1H, vinyl), 5.82 ( m, 1H, vinyl).21 
3.4)  Polymerization of AA with FA-AA monomer. This procedure was made 
based off information from Zhou et al. (Figure 16).14 To a 50 mL round-
bottom flask, FA-AA (135 mg, 0.336 mmol) and AA (0.138 mL, 2 
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mmol) were added. Approximately 20 mL of MilliQ water was added 
to the flask to make a cloudy brown/orange solution. Not all of the FA-
AA probe dissolved. SDS (9 mg, 0.0212 mmol) surfactant was added 
and the solution was stirred very fast under N2. KPS (64 mg, 0.235 
mmol) initiator was added and the solution was heated to 75 °C. The 
reaction stirred for 6 h protected from light. The solution was pulled 
from the heat and allowed to cool. A 5 mL sample was dialyzed in 1.5 
L DI water for 36 h. The water was changed five times during dialysis. 
The formed nanoparticles were analyzed by DLS (Figure 17). The 
nanoparticle solution was diluted in 10 mM phosphate buffers of various 
pH conditions and the absorbance and fluorescent response was 
measured (Figure 18 and 19). 
3.5)  Polymerization of AA with FA-AA monomer. This is the same as 
procedure 3.4, but the initiator was changed from KPS to NaHSO3. 
Briefly, FA-AA (135 mg, 0.336 mmol) and AA (0.138 mL, 2 mmol) 
was added to a 100 mL round-bottom flask and 20 mL MilliQ water 
were added. SDS (9 mg, 0.0212 mol) was added and the mixture was 
stirred very fast under nitrogen. The sodium bisulfite (28 mg, 0.235 
mmol) was added and the reaction was heated to 75 °C for 7 hr protected 
from light. The reaction was dialyzed for 24 h and DLS was used to 
analyze the nanoparticles (Figure 21). The absorbance response of the 
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nanoparticles was measure in 10 mM phosphate buffer solutions at an 
excitation wavelength of 486 nm (Figure 22). 
3.6) Amidation of FA amine with AC acid chloride. An attempt was made to 
form the FA-AA monomer by an alternate method other than that of 
procedure 3.4. This method used acryloyl chloride (AC) rather than AA. 
FA (31 mg, 0.0864) was added to 4.5 mL THF in a 25 mL round-bottom 
flask under nitrogen. Dry pyridine (10 μL, 0.095 mmol) and AC (17 μL, 
0.170 mmol) were added and stirred for 1 h at 0 °C. The solution was 
brought to room temperature and stirred for 24 h. The crude product was 
concentrated under vacuum and column purification was performed 
using a 1:2 chloroform:ethanol solvent system on silica with a 10 mm 
width column. NMR analysis was performed on the product (Figure 15).  
1H NMR (400 MHz, DMSO): δ 10.6 (s, 1H, COOH), 10.1 (s, broad, 
OH), 8.4 (s, 1H), 7.85 (d, 1H), 7.20 (d, 1H), 6.7-6.4 (m, 7H, protons of 
the xanthene moiety and NH), 6.42 (m, 1H, vinyl), 6.37 (m, 1H, vinyl), 








RESULTS AND DISCUSSION 
     A strategy for making these NPs is emulsification solvent evaporation in which 
the polymer and dye is first dissolved in a volatile, water-immiscible solvent. The 
solution is dispersed into an aqueous phase during sonication, forming emulsions 
of solvent droplets containing polymer and dye. The NPs form as the solvent 
evaporates. This was the first method explored for synthesis of the fluorescein 
polymer NP (1.1). The DLS showed particles of 9 nm diameter with a 22% 
polydispersity index (PDI) (Figure 3). The PDI refers to the range of nanoparticle 
sizes and hence corresponds to the width of the peak on a size distribution. The 
larger the NP size range, the larger the PDI and the broader the peak.28 A relatively 
monodisperse NP sample will have a PDI value between 0-20%. Although 
nanoparticles were formed with this method, they were smaller than those reported 
in the literature (77 nm) and the solution was completely colorless.23 This indicated 
the absence of fluorescein from the particles. Additionally, the visual formation of 
particulates during the vortexing step showed strong aggregation of the PLGA. This 
resulted in particles much larger than the desired nanometer scale, and they had to 





Figure 3: DLS size distribution of nanoparticles from procedure 1.1 post-dialysis. 
Hydrodynamic Diameter: 9 nm, Polydispersity Index (PDI): 22% 
 
The second attempt (1.2) used a slightly altered procedure with acetone as a 
solvent rather than ethyl acetate:ethanol in hopes to solve the phase separation of 
the PLGA and fluorescein during the emulsion process. During the vortexing step, 
much more PLGA precipitated into a large clump. The rapid PLGA precipitation 
into large particles is attributed to the solubility of the fluorescein and the organic 
solvent being used. The single-emulsion technique for procedures 1.1 and 1.2 was 
adapted from Cartiera et al. where the dye being used was Rhodamine B and the 
solvent was ethyl acetate. Fluorescein dye is not soluble in pure ethyl acetate, so 
the solvent needed to be adjusted for our purposes. The nanoparticles formed in 































fluorescein dye does not have a sufficient interaction with the PLGA polymer used 
considering fluorescein is soluble in water while PLGA is not.  
     Another method for making dye-modified polymer NPs is nanoprecipitation 
where the polymer and dye are dissolved in a water-miscible solvent before being 
diffused into an aqueous phase. This causes supersaturation of the polymer and 
allows NPs to form. Procedure 2.1 used this technique and resulted in nanoparticles 
with a size of approximately 40 nm, as shown in Figures 4 and 5. This procedure 
precipitated the particles in DI water. The other two nanoprecipitation procedures 
(2.2 and 2.3) used phosphate buffer with a pH of 5.0 and 7.4 respectively. These 
procedures gave particles around 100 nm (Figures 6 and 7). Dialysis of the green 
nanoparticle solutions from procedures 2.1 and 2.3 yielded colorless solutions. This  
 
Figure 4: DLS size distribution of nanoparticles from procedure 2.1 before dialysis. 
























Figure 5: DLS size distribution of nanoparticles from procedure 2.1 post-dialysis. Hydrodynamic 
Diameter: 41 nm, PDI: 23% 
Figure 6: DLS size distribution of nanoparticles from procedure 2.2. Hydrodynamic 











































Figure 7: DLS size distribution of nanoparticles from procedure 2.3. Hydrodynamic 
Diameter: 90 nm, PDI: 19% 
 
result indicates the absence of fluorescein. The colorless solutions were centrifuged 
to determine whether a pellet of green nanoparticles could be seen in the sample 
tubes. Because no pellet formed and no green color was seen, it was again assumed 
that fluorescein does not have a high enough affinity for the PLGA polymer used 
in this procedure; therefore, fluorescein was not encapsulated in the particles and 
the probe molecules left the nanoparticle solution during dialysis. Again, this is 
likely due to the solubility of fluorescein in water. The literature procedures used a 
PLGA polymer with a smaller molecular weight and a different ratio of the 
monomers glycolic acid and lactic acid.13 In the PLGA compound used in this 






















monomers. Had the percentage of glycolic acid monomers been higher, the polymer 
would have been more hydrophilic and better suited for associating with 
fluorescein.  
     Considering these two methods methods are kinetically controlled processes, the 
polymer concentration, comparative amounts of organic and aqueous phase, mixing 
procedure, and the presence of aqueous stabilizers all impact particle size. These 
non-covalent encapsulation strategies have the disadvantage of potential dye 
leaching that decreases the fluorescence response of the NPs.13 Because the single-
emulsion and nanoprecipitation techniques failed to yield the desired nanoparticles, 
the method of covalent modification was explored. Covalently linking dyes to 
polymer nanoparticles can resolve the issue of dye leaching; however, it requires 
optimizing reaction conditions to achieve the desirable dye loading. High dye 
loading could result in aggregation induced quenching (AIC) which jeopardizes the 


























Figure 8: Coupling fluoresceinamine to PLGA polymer using EDC in acetonitrile. 
21 
 
     A molecule analogous to fluorescein called fluoresceinamine (FA) was used in 
an amidation reaction to couple the dye to PLGA (procedure 3.1, Figure 8). 
Comparing the IR of PLGA to the FA:PLGA product of procedure 3.1, there was 
no clear indication that the amide functional group was formed by the amine on FA 
and the carboxylic acid on PLGA. Had the amide been formed, the IR spectrum 
from Figure 9 would have showed a broad peak corresponding to an N-H stretch at 
3500 – 3300 cm-1. There should have been an additional peak corresponding to the 
amide C=O stretch between 1720 – 1630 cm-1, assuming it did not overlap with the 
PLGA ester peak at 1747 cm-1. The peak at 1747 cm-1 was identified as the ester 
carbonyl stretch because it was in the 1750 – 1735 cm-1 range similar to the peak 
in the PLGA IR spectrum (Appendix A). NMR analysis of the FA:PLGA product 
did not confirm the success of the reaction. The spectrum in Figure 10 did not show 
any of the expected peaks in the aromatic region indicating the presence of FA in 
the product. The PLGA peaks at 1.5, 4.9, and 5.2 ppm are easily identified from the 
PLGA spectrum (Appendix A), and EDC (Appendix A) byproduct is not present; 
however, there are several solvent impurities at 1.1, 2.1, and 3.3 ppm. Based off the 
NMR spectrum of FA (Appendix A), none of the expected peaks in the aromatic 
region appear in the spectrum of the FA:PLGA (Figure 10).  
     The lack of data confirming the success of the amidation between PLGA and 
FA could be attributed to the large size of the PLGA used relative to the size of FA. 
In the product there should have been only one FA molecule attached to one PLGA 































































signals for the FA could have been very low relative to the polymer signal. 
Fluorescence spectroscopy was used to analyze the product because FA fluoresces 
much greater than PLGA. The fluorescence spectrum in Figure 11 shows the 
response of FA-PLGA in acetone with the expected emission at 517 nm as is 
typically seen for FA, but the intensity is very low. This is a result of only one FA 
molecule present for every PLGA polymer chain.   
 
 
Figure 11: Fluorescence spectrum of FA:PLGA in acetone. 
  
     Considering the lack of carboxylic acid functional groups on PLGA, a 
carboxylic acid-rich polymer was chosen so that the number of FA groups could be 
varied. Polyacrylic acid (PAA) was used. Procedure 3.2 (Figure 12) attempted to 
couple FA to the monomer of PAA, acrylic acid (AA). The literature procedure by 






















Figure 12: Coupling fluoresceinamine to AA using EDC. 
 
layer was acidified. This was not observed, but the aqueous layer did form a dark 
red precipitate that was analyzed with minimal success. Despite not forming a 
precipitate, the organic layer was analyzed (Appendix B), but the proton NMR does 
not show the expected FA peaks at 6.5-7.0 ppm or the AA at 5.8-6.3 ppm. For 
reference, the NMR spectra of FA and AA are shown in Appendices A and B 
respectively. The NMR of the aqueous precipitate (Appendix B) shows most of the 
peaks for the desired product, but it is washed out by the large D2O solvent peak. 
Small peaks in the expected regions for FA at 6.5-7.0 ppm and AA at 5.8-6.3 ppm 
are visible, but not to a clear extent. The product likely ended up in the aqueous 
layer because of the basic conditions used in this reaction. Under such conditions, 
the dye was likely in the monoanion or dianion form and hence more likely to exist 
in the aqueous layer; however, even after acidifying the aqueous layer, the product 
did not extract into the organic layer.  
     The EDC coupling reagent used in procedure 3.2 works best in slightly acidic 
conditions and is water-soluble. The conditions used in this reaction were not 
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optimal for efficient coupling of the amine and carboxylic acid. As a result, 
procedure 3.3 (Figure 13) adds an additional reagent, NHS, to drive the coupling 
reaction. When EDC is in the presence of a carboxylic acid, it forms a reactive O-
acylisourea intermediate that will hydrolyze if an amine is not present and 
 
 
Figure 13: Coupling fluoresceinamine (FA) to acrylic acid (AA) polymer using NHS and EDC. 
 
regenerate the carboxyl group. NHS stabilizes the intermediate and gives time for 
reaction with the amine to occur. This reaction was successful as is demonstrated 
by the NMR (Figure 14) of the product. The NMR from procedure 3.3 has a peak 
at 10.6 ppm for the carboxylic acid and a broad peak at 10.1 ppm for the hydroxyl 
group. The benzoic acid moiety show several peaks at 8.4, 7.85 and 7.2 ppm. The 
xanthene ring moiety shows a multiplet in the 6.4-6.7 ppm range corresponding to 
six hydrogens. The amide peak is also in this region. The vinyl hydrogens are found 
at 6.42, 6.37 and 5.82 ppm. The peaks from 0.9-4.4 ppm include impurities such as 
grease, water, and DMSO solvent. This indicates that the column purification 
method needs to be optimized 



































































































method of forming FA-AA was performed to see if the purification process was 
simpler than that in procedure 3.3. This was labeled as procedure 3.6. In procedure 
3.6, the crude product was subjected to column chromatography using a solvent 
system of 1:2 chloroform:ethanol. This removed most of the impurities so that the 
FA-AA monomer peaks could be observed by proton NMR and verified by the 
literature. Figure 15 shows the NMR spectrum of the semi-purified product. All the 
peaks of interest are labeled with integrations and are consistent with the product 
of procedure 3.3 (Figure 14). There are impurity peaks in the aromatic region that 
likely originates from the presence of excess FA starting material that did not 
separate in the column workup. They could also be peaks from the different 
structural forms of FA. These impurity peaks include the multiplets at 7.7-7.2 ppm. 
Additional impurity peaks can be seen below 5.0 ppm. These include the DMSO 
solvent peak at 2.5 ppm, water at 3.3 ppm, ethanol at 1.06, 3.4, and 4.35 ppm. 
Further research will be performed to optimize the purification method and 
incorporate the purified product into the polymer NPs to see if the monomer purity 
impacts the properties in any way.  
     Because the FA-AA product was formed, the product from procedure 3.3 was 
polymerized into a copolymer with acrylic acid in procedures 3.4 and 3.5. Figure 
16 shows the copolymerization of FA-AA and AA into nanoparticles. This 
emulsion polymerization uses KPS as an initiator and SDS as a surfactant to 
stabilize the nanoparticles. The size distribution plot in Figure 17 shows the average 














































































Figure 16: Polymerization of FA-AA and AA into a copolymer using KPS initiator and SDS 




Figure 17: DLS of the dialyzed product from procedure 3.4. Hydrodynamic Diameter: ~170 





























     Post-dialysis, the nanoparticle solution from procedure 3.4 had a noticeable 
yellow color, suggesting the successful polymerization of FA-AA and AA. The 
absorbance and fluorescence of the nanoparticles were then tested in 10mM 
phosphate buffer solutions of varying pH. Figure 18 shows the absorbance 
spectrum of the nanoparticles at different pH levels. The most acidic solution with 
a pH of 3.0 shows barely any signal at the expected peak of 486 nm where FA is 
known to absorb. As the basicity increases, the absorbance signal at 486 nm 
increases dramatically. A similar trend can be seen in the fluorescence emission  
 
Figure 18: Absorbance spectrum of the nanoparticles from procedure 3.4. 
spectrum in Figure 19 at the emission wavelength of 517 nm. The trends in the 
absorbance and fluorescence spectra can be correlated to the picture shown in 
Figure 20. If these NPs were to be incorporated into the LFA, the solution with the 
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Figure 19: Fluorescence spectrum of the nanoparticles from procedure 3.4. 
 
  
Figure 20: Picture of the KPS initiated nanoparticle solutions going from most acidic (pH 3.0, 
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response NPs would then be attached to the LFA by methods mentioned previously. 
When a water sample interacts with the nanoparticles the higher basicity of the 
solution will instigate a greater visual response from the nanoparticles.  
     The nanoparticle solution from procedure 3.5 showed a similar visual color after 
dialysis, indicating that the polymerization was also successful with the catalyst 
sodium bisulfate. The nanoparticle size was determined by DLS (Figure 21) to be  
 
Figure 21: DLS of the dialyzed product from procedure 3.5. Hydrodynamic Diameter: 46 nm, 
PDI: 26%. 
 
46 nm with a PDI of 26%. By measuring the absorbance in different 10 mM 
phosphate buffers a trend similar to that described above for the KPS initiated 


























nanoparticles under different pH conditions. Again, the most acidic solution has the 
lowest response and the most basic solution has the highest absorbance response at 
486 nm. 
 
Figure 22: Absorbance spectrum of the nanoparticles from procedure 3.5.  
 
     A standard curve was made using solutions of various concentrations of free 
FA in 10 mM phosphate buffer with a pH of 7.0. This plot, shown in Figure 23, 
was used to determine the concentration of fluorescein in the pH 7.0 nanoparticle 
solutions from procedures 3.5 and 3.6, by Beer’s Law. Both pH 7.0 nanoparticle 
solutions were then dried to obtain the mass of the solid nanoparticles. In doing 
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Figure 23: Absorbance vs. concentration curve of FA. 
 
nanoparticles had 1.8 μg of FA per mg of nanoparticle. The NaHSO3 initiated 
nanoparticles had 0.8 μg of FA per mg of nanoparticle. The discrepancy of these 
two values can be attributed to the half-lives of the initiators. The half-life is the 
amount of time it takes for half of the initiator to be degraded into its radical 
counterparts. The half-life of an initiator varies with temperature and pH, so the 
conditions likely favored the degradation of the KPS initiator rather than the 
NaHSO3 initiator. 



























     This project was aimed at addressing the need for a simple, inexpensive water 
quality test for metal detection. Considering the current use of LFAs in many 
healthcare diagnostics, this technique shows promise that it can be adapted for our 
purposes using metal-sensitive probes conjugated to a polymer NP scaffold. With 
the goal of making a pH responsive control NP, the probe fluorescein was chosen 
for its well-known absorbent and fluorescent properties in various pH conditions. 
     Several methods of polymer NP formation were attempted via the single-
emulsion and nanoprecipitation technique. Both methods presented issues 
concerning the solubility of the PLGA polymer and the fluorescein probe being 
used. Covalent modification of poly(acrylic acid) with fluoresceinamine by an 
amide linkage proved to be a more viable method of incorporating the probe, and 
the poly(acrylic acid) NPs were polymerized by two different initiators. The 
nanoparticles initiated by KPS were found to be 170 nm while the NaHSO3 initiated 
nanoparticles were 46 nm in size. The polydispersity index (PDI) was 
approximately 25% for both types of nanoparticles. The nanoparticles were tested 
in 10 mM phosphate buffer solutions of varying pH and the absorbance and 
fluorescence response was observed. In solution, the response of the nanoparticles 
increased with basicity.  
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     Future work will include optimizing the dye-loading of the nanoparticles to 
achieve maximum signal intensity, and additionally, the ratio of monomers and 
initiators will be altered to achieve better monodispersity. When nanoparticles are 
formed with the desired pH response and stability, they will be conjugated to biotin 
via a photoreactive linker for integration into a lateral flow assay. The nanoparticles 
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